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Large hydrogen-isotopic (D/H) fractionations between lipids and
growth water have been observed in most organisms studied to
date. These fractionations are generally attributed to isotope
effects in the biosynthesis of lipids, and are frequently assumed to
be approximately constant for the purpose of reconstructing cli-
matic variables. Here, we report D/H fractionations between lipids
and water in 4 cultured members of the phylum Proteobacteria,
and show that they can vary by up to 500‰ in a single organism.
The variation cannot be attributed to lipid biosynthesis as there is
no significant change in these pathways between cultures, nor can
it be attributed to changing substrate D/H ratios. More impor-
tantly, lipid/water D/H fractionations vary systematically with
metabolism: chemoautotrophic growth (approximately 200 to
400‰), photoautotrophic growth (150 to 250‰), heterotro-
phic growth on sugars (0 to150‰), and heterotrophic growth on
TCA-cycle precursors and intermediates (50 to 200‰) all yield
different fractionations. We hypothesize that the D/H ratios of
lipids are controlled largely by those of NADPH used for biosynthesis,
rather than by isotope effects within the lipid biosynthetic pathway
itself. Our results suggest that different central metabolic pathways
yield NADPH—and indirectly lipids—with characteristic isotopic com-
positions. If so, lipid D values could become an important biogeo-
chemical tool for linking lipids to energy metabolism, and would yield
information that is highly complementary to that provided by 13C
about pathways of carbon fixation.
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The hydrogen-isotopic composition (2H/1H or D/H ratio,commonly expressed as a D value) of lipids is being
explored by scientists with diverse interests, including the origins
of natural products (1, 2), biogeochemical cycles (3), petroleum
systems (4), and paleoclimate (5–7). Because the D/H ratios of
lipids are generally conserved over 106-year time scales (8),
they are a potentially useful tracer of biogeochemical pathways
and processes in the environment. Most research to date has
focused on higher plants, in which environmental water is the
sole source of external hydrogen and consequently provides
primary control over the D/H ratio of biosynthesized lipids (9).
Although D values for plant lipids and environmental water are
generally well correlated, they are also substantially offset from
each other. The biochemical basis for this lipid/water fraction-
ation is not well understood. It is generally assumed to arise from
a combination of isotope effects during photosynthesis and the
biosynthesis of lipids (9–12), and is often treated as approxi-
mately constant to reconstruct isotopic compositions of envi-
ronmental water as a paleoclimate proxy.
There is, however, mounting evidence that the net D/H
fractionation between lipids and water can vary by up to 150‰
in plants, even in the same organism (12–16). Modest fraction-
ations associated with fatty acid elongation and desaturation
have been documented (2, 14, 15) but are unlikely to account for
all of the observed variability. Recent surveys of lipids in marine
environments have hinted at even greater variability in isotopic
compositions. Jones et al. (17) measured fatty acids extracted
from coastal marine particulate organic matter (POM) and
found D values ranging from 73 to 237‰. Measurements
of lipids from marine sediments have extended this range from
32 to 348‰ for lipids with n-alkyl skeletons and 148 to
469‰ for those with isoprenoid skeletons (18). Because the
lipids measured by both studies likely derive from marine
organisms inhabiting seawater of essentially constant D value
(0‰), such differences cannot be due to varying environmen-
tal water. Rather, they must relate to more fundamental differ-
ences in metabolism.
Culture studies, although limited in number, support the
occurrence of highly variable D/H fractionations. Hydrocarbons
produced by the green alga Botryococcus braunii were depleted
in D relative to growth water by 197 to 358‰ (16). Fatty acids
from the aerobic methanotroph Methylococcus capsulatus (19)
were depleted by 20 to 70‰, whereas those in the sulfate-
reducing chemoautotroph Desulfobacterium autotrophicum were
depleted by 190 to 360‰ (20). The most strongly fractionating
organism reported to date is an H2  CO2 using acetogen,
Sporomusa sp. DSM 58, which produced fatty acids with deple-
tions in D of nearly 400‰ (21).
Some of this reported variability can be ascribed to systematic
differences between lipids with n-alkyl versus isoprenoid skele-
tons. Isoprenoid lipids are typically D depleted relative to n-alkyl
lipids by 100‰or more, a pattern now widely confirmed in both
culture (13, 16, 19) and environmental samples (12, 18). How-
ever, significant variability within single classes of lipids (e.g.,
fatty acids) cannot be explained because the chemical mecha-
nisms of lipid biosynthesis are strongly conserved across most
bacterial and eukaryotic phyla (22–25). Thus, many important
questions linger. DoD/H fractionations associated with different
metabolic lifestyles (i.e., photoautotrophy, chemoautotrophy, or
heterotrophy) systematically differ? Do they differ in bacteria
versus eukaryotes? Perhaps most fundamentally, how and why
do biosynthetic processes fractionate hydrogen isotopes at the
molecular level and lead to lipids with such diverse isotopic
compositions? These questions lie at the heart of our ability to
use and interpret lipid D values from all types of environmental
samples. To explore such issues, we measured lipid D/H frac-
tionations in 4 metabolically versatile bacteria grown under
photoautotrophic, photoheterotrophic, chemoautotrophic, and
heterotrophic conditions on a range of carbon sources metab-
olized by different pathways of central metabolism.
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Results
Cultures and Fatty Acids. Four species of bacteria, chosen to
provide a sampling of metabolic diversity, were grown in batch
culture on varying substrates (Table 1, see SI Methods for
details). Cupriavidus oxalaticus str. OX1 and C. necator str. H16
are facultative chemoautotrophic -Proteobacteria commonly
found in soil and freshwater environments (26), and were grown
as aerobic heterotrophs and chemoautotrophs. The model or-
ganism Escherichia coli K-12 str. MG1655, an obligate hetero-
trophic -Proteobacterium, was grown aerobically. The purple
non-sulfur anoxygenic phototroph Rhodopseudomonas palustris
str. TIE-1 is an -Proteobacterium and was grown under anaer-
obic photoautotrophic, anaerobic photoheterotrophic, and aer-
obic heterotrophic conditions. Organic substrates were chosen
based on their catabolic relationship to the different pathways of
central metabolism. They include those that feed into glycolysis
(glucose, fructose, gluconate, pyruvate), the tricarboxylic acid
(TCA) cycle (acetate, succinate), and chemoautotrophic* me-
tabolism [formate, oxalate (27–29)].
Most cultures were harvested during exponential growth (Fig.
S1). Fatty acids were solvent-extracted, derivatized as methyl
esters, and quantified by gas chromatography/mass spectrometry
(GC/MS; Table S1). The most abundant fatty acids in C.
oxalaticus and C. necator were palmitic (16:0), palmitoleic (16:1),
and oleic (18:1) acids. An additional fatty acid, cyclopropyl-
heptadecanoic acid (cyc-17), was abundant in E. coli. R. palustris
produced significant amounts of 18:1, 18:0 (stearic acid), and
16:0 fatty acids. Relative abundances of fatty acids varied by
35% between cultures of each bacterial species, with no
systematic relationship between growth substrate and fatty acid
abundance (Table S1).
Values of D for individual fatty acids varied widely between
cultures (362 to 331‰), but typically by less than 30‰
between different fatty acids from the same culture (Table S2).
For simplicity we report and discuss the D values for palmitic
acid as representative of each culture, both because it was
present in every organism and because it was generally the most
abundant fatty acid.
Growth on Different Substrates Leads to Varying Fractionation Be-
tween Lipids and Water. Fig. 1 summarizes current and previous
culture data and shows that the net D/H fractionations between
lipids and culture water vary in all analyzed strains. The 2
Cupriavidus strains, which have the most metabolically versatile
carbon metabolisms, exhibited the largest variability (up to
500‰). This is the largest range of isotopic fractionations yet
recorded for any individual organism, and includes instances of
both D enrichment and D depletion relative to water. The
observed range of fractionations is substantially larger than has
been previously observed in environmental samples, and—if
expressed in nature—would have the potential to explain all such
*Growth on oxalate is classically regarded as heterotrophic, not chemoautotrophic, me-
tabolism. However, conservation of energy during growth is similar to that on formate in
that 1-carbon reactions form the basis for generation of reducing power, analogous to
‘‘true’’ chemoautotrophy (e.g., growth on H2  CO2) (29, 30). Hence we refer here to
growth on formate and oxalate as chemoautotrophic for the purpose of describing
hydrogen, rather than carbon, metabolism.
Table 1. Summary of culture experiments
Organism-substrate Ds,* ‰ Dw,† ‰ Growth rate,‡ h1 Cultures§
C. oxalaticus
oxalate — 68.6 to 218.3 0.29 Co1-I,II,III,IV
oxalate — 68.6 to 218.3 0.28 Co2-I,II,III,IV
formate 972 68.6 to 218.3 0.33 Co3-I,II,III,IV
acetate 76 68.6 to 218.3 0.50 Co4-I,II,III,IV
succinate 97 64.3 to 214.1 0.60 Co5-I,II,III,IV
succinate 97 41.1 to 214.1 NA Co6-II,III,IV
C. necator
formate 972 68.3 0.17 Cn1-I
fructose 22 65.5 0.34 Cn2-I
gluconate NA 68.1 0.36 Cn3-I
pyruvate 12 64.4 0.61 Cn4-I
acetate 76 68.5 0.35 Cn5-I
succinate 97 68.6 0.48 Cn6-I
succinate 97 68.6 NA Cn7-I
E. coli
glucose 60 61.9 0.64 Ec1-I
gluconate NA 62.2 0.57 Ec2-I
pyruvate 12 68.1 0.37 Ec3-I
acetate 76 62.4 0.31 Ec4-I
glucose 60 60.0 to 314.0 0.66 Ec5-I,II,III,IV
LB NA 60.0 to 152.0 NA Ec6-I,II,III
R. palustris
acetate NA 53.6 0.10 Rp1-I
acetate, light NA 53.6 0.068 Rp2-I
CO2, light — 53.6 0.015 Rp3-I
*D of non-exchangeable C-bound H in the growth substrate (see SI Methods for calculation details). Uncertain-
ties are likely  20‰.  indicates a substrate with no H, NA, not available.
†D of culture medium before inoculation. Average analytical uncertainty (1) is 0.7‰. Range refers to the span
of values covered by 4 replicate cultures, each differing by 100‰.
‡1 was 0.04 for n 2 cultures in experiments Co1-Co5.
§Multiple numbers indicate parallel cultures grown inmediumwith different Dw values. Cultures Co6-II,III,IV and
Cn7-Iwere harvested in stationary phase, all otherswere harvested in exponential phase.OD values at harvest are
in Fig. S1.
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environmental D/H variability. At the same time, lipid/water
fractionation during anoxygenic photoautotrophic growth of R.
palustris was within the range commonly observed for plants. For
heterotrophic cultures, the D values of most supplied organic
substrates (Ds) differ by 100‰ (Table 1) and cannot explain
the range of observed lipid D values. For example, growth of
E. coli on glucose (Ds  60‰) led to D depletion of lipids
relative to both water and substrate, whereas growth on acetate
(Ds  76‰) led to D enrichment.
Our data show a strong correspondence between the pathways
of substrate metabolism and lipid D values. Growth on formate
or oxalate, catabolized through 1-carbon reactions (29, 30),
yielded lipids depleted in D by 200 to 300‰ relative to water
(Fig. 1, Table S2). Heterotrophic growth on sugars and photo-
autotrophic growth on CO2 produced lipids depleted by 50 to
190‰ relative to water. Growth on a direct precursor (acetate)
and intermediate (succinate) of the TCA cycle yielded lipids that
were generally D-enriched relative to water (50 to 200‰),
with growth phase modulating the level of enrichment (compare
‘‘su’’ vs. ‘‘sut’’ in Fig. 1). These patterns are most strongly
exhibited in the 2 Cupriavidus strains, but are also present in E.
coli and R. palustris.
Manipulation of Growth Water D: Fractionation Factor Curves. Ad-
ditional information on the biochemical causes of these variable
fractionations can be deduced from experiments in which the
isotopic composition of culture water is experimentally manip-
ulated (19). Conceptually, the net fractionations between lipids
and each external H source (i.e., water and organic substrate)
can be treated as distinct, yielding the isotopic mass balance
Rl Xw l/wRw	 1 
 Xw l/sR s, [1]
where Rl, Rw, and Rs denote the D/H ratios of lipids, water, and
substrates, respectively (31). Xw is the mole fraction of lipid H
derived from external water, whereas l/w and l/s represent the
net isotopic fractionations associated with uptake and utilization
of water and substrate hydrogen, respectively. Eq. 1 represents
the overall isotopic relationship between lipids and external
sources of H, and does not imply that the sources must be directly
involved in lipid biosynthesis (e.g., glucose may contribute H to
lipids by way of metabolic intermediates even though it does not
directly participate in the biosynthetic reactions). Measurements
of Rw, Rs, and Rl for parallel cultures in which only 1 parameter,
Rw, is varied experimentally form the basis for regression of Rl
on Rw. This yields a unique slope and intercept that can be used
to constrain the relevant fractionations.
To this end, C. oxalaticus and E. coli were grown on glucose,
acetate, succinate, formate, oxalate, and Lysogeny broth (LB)
using waters with D values ranging from 68 to 314‰.
Strong linear relationships (R20.98) between D values of fatty
acids and water were obtained for all such experiments (Fig. 2),
implying that the uncertainty in D values for each culture is
minimal (probably 20‰). This is consistent with several
‘‘true’’ biologic replicates grown in identical waters, for which D
values differed by 11‰ (1).
For cultures where Xw is known, l/w and l/s can be calculated
directly from the slope and intercept of the regression. Oxalate
carries no H at physiological pH, so Xw  1 for C. oxalaticus
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Fig. 1. Summary of D/H fractionations between fatty acids andwater observed in culture experiments, native specimens, andmarine organic matter fractions.
Plotted fractionations are based on the average D value of palmitic acid, or the fatty acid/alkane of nearest chain length, in the culture with water D closest
to 0‰. Bacterial cultures from this study (*) are C. oxalaticus (Co), C. necator (Cn), E. coli (Ec), and R. palustris (Rp). Organisms from other studies (13, 16, 19–21,
61) are cultured bacteria D. autotrophicum (Da), Sporumusa sp. (Sp), and M. capsulatus (Mc), cultured phytoplankton B. braunii (Bb), Alexandrium fundyense
(Af), Isochrysis galbana (Ig), andnatural specimens of brownalgaUndaria pinnatifida (Up), red algaBinghamia californica (Bc), and seagrass Zosteramarina (Zm).
The gray box covers the range of fractionations observed in marine POM and sediments (17, 18). Growth substrates are oxalate (ox), formate (fo), fructose (fr),
glucose (gc), gluconate (gl), pyruvate (py), acetate (ac), succinate (su, sut), LB (lb), H2 CO2 (hc), H2 SO42 (hs), methane (me), acetatelight (ph), CO2 light
(pa), S2O32  CO2  light (apa). Error bars for culture Co*-ox are the standard deviation (1) for 4 sets of biological replicates; other cultures were not
replicated. Typical analytical uncertainties are  3.5‰ for all cultures.
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Fig. 2. Regressions of D values for palmitic acid versus water for C. oxala-
ticus grown on oxalate, formate, acetate, and succinate. Error bars represent
1 uncertainty for biological replicates. Data for other lipids are in Fig. S2 and
Table S3. Each regression provides constraints on fractionations that can be
described most succinctly as a single fractionation curve (see Fig. 3).
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growing on oxalate. The corresponding value of l/w ranged from
0.64 to 0.73 for different fatty acids (Table S3). Growth on
formate yielded nearly identical results, even though formate is
a potential source of H. We infer that H on formate exchanges
with water to preclude the transmission of substrate H to fatty
acids, in accord with our understanding of formate metabolism
(29) and the recent results of Campbell et al. (20).
If Xw is unknown, as is the case for most heterotrophic growth
conditions, then a unique solution for Xw, l/w, and l/s is not
possible (31). However, the results of each regression can be
depicted as a curve relating l/s to l/w, with each point on the
curve representing a different possible combination of values for
Xw, l/w, and l/s (Fig. 3). These relationships, which we term
‘‘fractionation curves,’’ are unique for each set of culture con-
ditions and provide a useful means for comparison even while
the true values of Xw, l/w, and l/s remain unknown. A basic
understanding of the behavior of such curves aids in their inter-
pretation: When comparing 2 fractionation curves, representing 2
different culture conditions, an increase in the true value of l/w
between conditions will shift the curves horizontally to the right; an
increase in the true value of l/s will shift them vertically upward;
and an increase in Xw will shift them diagonally downward and to
the right (see Fig. S3).
Two key inferences can be drawn from the fractionation
curves in Fig. 3. First, within a plausible range of values for the
2 fractionation factors (0.5 to 2.0), equivalent to  1,000‰ and
2-fold larger than any net fractionations yet measured for
biosynthetic processes, many fractionation curves do not inter-
sect. This is possible only if both l/w and l/s vary between
conditions (e.g., compare C. oxalaticus on formate vs. E. coli on
glucose vs. C. oxalaticus on succinate). Changes in fractionation
associated with the assimilation of substrate, l/s, cannot by itself
explain our results, and it is clear that the concept of a nearly
constant lipid/water fractionation must be discarded. Because
l/w changes even in a single organism, whereas pathways of lipid
biosynthesis are not known to change significantly with growth
on different substrates, we infer that the magnitude of l/w is not
set primarily by lipid biosynthetic reactions.
Second, fractionation curves for E. coli growth on glucose and
LB are offset along a diagonal, and thus are likely related by
similar fractionations ( values) with a decrease in Xw from
glucose to LB. This is consistent with the assimilation of
preformed cell constituents by cells grown on the complex LB
medium, leading to smallerXw. Curves for growth on acetate and
succinate also appear related by similar fractionations with a
decrease in Xw from succinate to acetate, and are consistent with
the role of acetate as a direct precursor for lipid biosynthesis.
Similarity of Lipid-Substrate and Lipid-Water Fractionations. Al-
though it is convenient to treat the net lipid/water and lipid/
substrate fractionations as independent, this distinction is prob-
ably artificial. Approximately 3/4 of fatty acid H derives from
central metabolites (acetate or NADPH; see Discussion). H
derived from water and growth substrates is comingled in these
and virtually all other metabolites because many common classes
of reactions (isomerization, hydrolysis, rearrangement, ex-
change) lead to significant scrambling of C-bound H (32). At this
point the 2 ‘‘external’’ sources of H should be affected by many
of the same reactions and thus the same isotope effects. The
possibility of markedly different values for l/s and l/w is
therefore difficult to envision. Indeed, having widely different
fractionations for water and substrate H would practically re-
quire that these two H pools remain metabolically distinct, but
they do not. Although a strong covariance of l/w and l/s does
reduce the utility of our isotopic labeling approach, there is also
a substantial benefit in that the inverse problem—inferring
biochemical processes from measured lipid D values—is made
much easier. The strong correspondence of metabolic pathways
and lipid D values implied by Fig. 1 would be highly improbable
if l/s and l/w both varied widely and independently.
To extract further insight from Fig. 3, we therefore assume
that l/s and l/w for any single culture differ from each other by
600‰ (i.e., within the gray region in Fig. 3). This is an
arbitrary limit, chosen to encompass the 500‰ range of
fractionations we observe, but more conservative limits would
yield similar conclusions. Probable limits for Xw, l/w, and l/s can
then be calculated: formate (	95%, 0.73, NA), glucose
(6880%, 0.80–0.95, 0.67–1.05), LB (33–47%, 0.80–1.15, 0.82–
1.05), succinate (58–70%, 1.13–1.38, 0.98–1.48), and acetate
(40–56%, 1.03–1.43, 1.0–1.35). The fact that both l/w and l/s
vary from D depletion ( 1) to D enrichment (	 1) strongly
supports our contention that variability in fatty acid D values
cannot be explained solely by modulation of a single fraction-
ating step in their biosynthesis.
Four conclusions arise from this analysis. First, more H is
transmitted from water to fatty acids when growing on sugars
than on acetate or succinate. This may reflect greater exchange
of H associated with sugar isomerization reactions, and/or the
fact that acetate feeds directly into fatty acid biosynthesis.
Second, no H is transmitted from ‘‘chemoautotrophic’’ sub-
strates to lipids, including formate, oxalate, and H2. Third, the
fractionations associated with different metabolic pathways are
distinct but partially overlapping, in the order chemoautotro-
phy  photoautotrophy  heterotrophic growth on sugars 
growth on TCA-cycle substrates. This pattern of changing frac-
tionations mirrors the observed shifts in fatty acid D values, and
forms the basis for a plausible mechanistic link between lipid D
and metabolism. Fourth, the net lipid/water fractionation for a
fatty acid is characteristic of a particular metabolism despite a
wide possible range of D values for potential organic substrates,
because relatively little substrate H is incorporated into fatty
acids. This means useful metabolic information can be extracted
from the D values of environmental lipids without the necessity
of knowing or measuring D values of precursor substrates.
0
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Fig. 3. Fractionation factor curves for palmitic acid in C. oxalaticus grown on
formate, acetate, and succinate, and in E. coli grown on glucose and LB. Each
curve represents the set of all possible combinations of l/s and l/w satisfying
the constraints imposed by parallel cultures with differing Rw (i.e., 1 linear
regression in Fig. 2). Filled circles indicate values corresponding to Xw  0.5.
Gray shaded area defines up to 600‰variation betweenl/s andl/w. Increases
in the true value of l/s, l/w, and Xw shift curves up, to the right, or down a
diagonal as detailed in Fig. S3.
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Discussion
Our results demonstrate that 4 metabolically diverse Proteobac-
teria produce fatty acids with D values that vary systematically
with the utilization of key metabolic pathways. The pattern is
supported by previous culture studies of bacteria (19–21) and
plants (11, 33) and is consistent with field observations. For
example, fatty acids with odd carbon-numbered chains are
substantially D-enriched (by up to 100‰) relative to those with
even-numbered chains in marine POM (17). The former are
attributed to heterotrophic bacteria, whereas the latter are likely
the products of photosynthetic algae. Similar D enrichments of
many bacterial fatty acids and all hopanols relative to their algal
counterparts (i.e., even-numbered fatty acids and sterols) have
also been observed in marine sediments (18). A 16:1 fatty acid
with a D value as low as 348‰ was detected in those
sediments and is apparently generated in situ within the zone of
maximal sulfate reduction. Its occurrence and isotopic compo-
sition are consistent with origins from chemoautotrophic sulfate-
reducing bacteria (18). Studies of higher plants have shown
several cases of D enrichment resulting from increased reliance
on stored carbohydrates for growth and maintenance, and are
consistent with a shift from photosynthesis to glycolysis as the
primary metabolism (32, 34).
These similarities lead us to propose that the systematic
variations reported here are a general feature resulting from the
commonality of central metabolic pathways present in most
microbes. Most of the same pathways are also present in higher
life forms, although the resulting isotopic patterns will likely be
complicated by compartmentalization and transport of lipids,
metabolites, and water. Because we have sampled only a minute
fraction of extant biota, further culture-based evidence is re-
quired to address these issues. In the mean time, confidence that
we have observed a general phenomenon can be improved by
understanding the mechanistic link between metabolism and
D/H fractionation in lipids. Although we do not yet have
sufficient data to prove such a link, we suggest that fractionations
accompanying the reduction of NADP provide a plausible—
and perhaps unavoidable—mechanism. The basis for this hy-
pothesis is summarized next.
Sources of D/H Variability in Fatty Acids. Isotopic labeling studies of
fatty acid biosynthesis in vitro provide a rough accounting of the
H sources for fatty acids (1, 35, 36). They indicate that the most
important cellular H source is NAD(P)H, providing 50% of
fatty acid H (Fig. S4). In most cases this comes solely from
NADPH, but in some organisms such as E. coli it derives equally
from both NADPH and NADH (22–24, 37). The methyl group
of acetyl-CoA (25%) and water (25%) are of lesser importance.
Four possible sources of isotopic variability in fatty acids can then
be considered: (i) fractionations associated with substrate uptake
and utilization; (ii) the isotopic composition of cellular water,
acetate, and NADPH used for biosynthesis; (iii) variations in
fractionation associated with reactions of the fatty acid biosynthetic
pathway itself, including transfer of H from water and/or NADPH
to fatty acids; and (iv) fractionations downstream from fatty acid
biosynthesis such as desaturation and cellular transport.
Analysis of fractionation curves (see Results) removes i as a
possibility. The lack of significant changes in fatty acid abun-
dance and structure between culture conditions with very dif-
ferent lipid D values rules out iv. Option iii is worth considering
in some detail because multiple enzyme variants exist for 1 of the
2 reductive steps in fatty acid biosynthesis. -ketoacyl ACP
reductase transfers H from NADPH to odd-numbered carbon
positions on the nascent fatty acid (step 4 in Fig. S4), whereas
enoyl ACP reductase transfers H from either NADPH or NADH
to even and odd positions (step 6 in Fig. S4) (22, 24). Only one
type of -ketoacyl ACP reductase (FabG) is known, but multiple
variants (FabI, FabK, FabL) of enoyl reductase exist, sometimes
in the same bacterium (23–25). Thus, differences in fraction-
ations between flavin-free pyridine nucleotide-dependent en-
zymes like FabG and FabI versus flavoproteins like FabK might
provide a mechanism for lipid D/H variability. The former catalyze
direct hydride (H) transfer from NAD(P)H to fatty acids (24, 38,
39), whereas in the latter H is transferred via the flavin ring, which
is susceptible to isotopic exchange with water (36, 40, 41). Differing
fractionations between the enzyme types are therefore plausible.
However, E. coli has only 1 of each reductase enzyme (i.e., a single
FabG andFabI) yet lipid/water fractionations still vary substantially
(23, 37, 42, 43). C. necator has several putative -ketoacyl ACP
reductases and FabI-type enoyl ACP reductases (26), but fraction-
ations inC. necator are similar to those ofE. coli. Thus, current data
are inconsistent with fatty acid biosynthetic enzymes causing large
variability in fatty acid D values.
This leads us to consider option ii, the H-isotopic composition
of water, acetate, and NAD(P)H, as sources for variability in
fatty acid D values. Variations in the D/H ratio of intracellular
water have been observed in rapidly-growing E. coli and were
attributed to the accumulation of water derived from the oxi-
dation of organic substrates (44). Given that substrate D values
did not approach 200‰ or 300‰ in our study, and no
systematic relationship between growth rate and fatty acid D
value was observed, the influence of varying intracellular water
D can be ruled out. We eliminate acetate as a source for
isotopic variability on the following grounds. When C. oxalaticus
grows on oxalate, it synthesizes acetate by converting oxalate to
3-phosphoglycerate (Box 3 in Fig. S5) (29). In contrast, 3-phos-
phoglycerate is generated by CO2 fixation in the Calvin cycle
when C. oxalaticus grows on formate (Box 7 in Fig. S5) (29).
Thus, 2 very different modes of acetate synthesis (growth on
oxalate vs. formate) yield similar fractionations, whereas syn-
thesis of acetate by the same pathway of carbon fixation in
different organisms (e.g., C. oxalaticus grown on formate and all
higher plants) yields very different fractionations.
By process of elimination then, we arrive at the inference that
the isotopic composition of NAD(P)H is likely responsible for
observed variations in lipid/water fractionation. This conclusion
is consistent both with the role of NAD(P)H as the major source
of H in fatty acids, and with the ability of flavin-free reductases
to transmit isotopic signals from NAD(P)H to fatty acids via
hydride transfer reactions (38, 39). But why should the H-
isotopic composition of NAD(P)H vary so greatly?
Isotopic Composition of NADPH. Biosynthetic reactions commonly
require NADPH rather than NADH (27, 28, 45), thus we
consider here only the cellular sources of NADPH for simplicity.
Similar arguments apply to sources of NADH. In heterotrophic
metabolism, the main sources of NADPH are the oxidative
reactions catalyzed by glucose-6-phosphate dehydrogenase and
6-phosphogluconate dehydrogenase in the pentose phosphate
pathway, isocitrate dehydrogenase and malic enzyme in the TCA
cycle, and the NADH-NADPH converting transhydrogenase
(Fig. S5) (28, 45). These oxidation reactions typically involve
direct H transfer from substrate to NADP (38, 39, 46, 47).
Thus, the isotopic composition of each reduced NADPH will
depend on that of the reaction substrate plus any isotope effects
associated with the H transfer, and the total pool of NADPH
will reflect the relative contributions of different pathways of
energy metabolism. In oxygenic photoautotrophs, NADP is
reduced via the oxidation of water by ferredoxin-NADP oxi-
doreductase (48), providing yet another source of NADPH.
Isotope fractionations associated with many NADPH-
generating reactions have been studied in vitro. Although their
magnitudes vary greatly (up to 3,500‰, see Fig. S5) (49–52), it
is not possible to confidently predict in vivo fractionations, and
thus the isotopic composition of generated NADPH, from these
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data. In part this is because kinetic isotope effects will not be
fully expressed as isotopic fractionations in committed pathways
where the reactant is completely consumed (53). Nor can data
from cultures be used, because even organisms grown on a single
substrate generate NADPH via multiple pathways (54). Never-
theless, it is reasonable to expect that the known variability in
enzymatic isotope effects will manifest itself as varying D values
for NADPH generated by the respective pathways.
The enrichment of D in lipids from cultures grown on acetate
and succinate is particularly interesting, because all of the
relevant NADPH-generating reactions have normal isotope
effects that should result in depletion of D. We consider 2
possible explanations here. First, D enrichments may arise
during NADP reduction in the TCA cycle. Both malic enzyme
and isocitrate dehydrogenase generate NADPH via H transfer
from an OH—C—H position (C-2 in isocitrate and malate). The
expression of (normal) isotope effects in these reactions should
be limited, because there is only one H available for abstraction.
However, in both cases the substrate OH—C—H group is
generated by the upstream removal of H from a corresponding
methylene (H—C—H) position in the precursor molecule (suc-
cinate and citrate in Fig. S5). These upstream reactions are
catalyzed by succinate dehydrogenase and aconitase. Both have
been shown to express significant normal isotope effects (50, 52,
55), and are present in C. necator and E. coli (26, 43). For
example, an average kinetic fractionation of 4,400‰ was mea-
sured for the removal of pro-R H from methylene groups in
succinate by flavoprotein succinate dehydrogenase (55). The
scale of this isotope effect is consistent with that expected for
other flavoproteins, which have been proposed to break C—H
bonds by H-tunneling mechanisms (56). These reactions should
leave the remaining OH—C—H position very strongly enriched
in D, a signal that can be transferred to NADPH. A second
possible route to D enrichment of NADPH is through the action
of transhydrogenases. These balance overproduction of NADPH
due to high TCA cycle flux by converting it to NADH (54).
Kinetic fractionations for transhydrogenases are typically large
(800 to 3,500‰) (51), and should also leave the remaining
NADPH strongly D-enriched.
The preceding discussion indicates that (i) NAD(P)H is the
source for 50% of fatty acid hydrogen, (ii) the D/H ratios of
NAD(P)H generated in different metabolic pathways probably
vary over a large range, and (iii) those isotopic signals can be
transmitted to fatty acids via hydride transfer reactions. Given
these constraints, we should ask whether a link between metab-
olism and fatty acid D values can in any way be avoided?
Practically the only possibilities are if the relative fluxes of
different NADPH-generating pathways remain constant, or if
isotopic exchange homogenizes the NADPH pool with water.
The former can be dismissed because metabolic f lux studies in
E. coli conclusively show that NADPH sources vary significantly
during growth on different substrates (54, 57, 58).
The possibility of hydrogen exchange warrants further consider-
ation because the relevant H position in NAD(P)H is moderately
acidic. Experiments withD-labeledNADPHadded to purified fatty
acid biosynthetic enzymes in vitro showed complete conservation of
the label in resultant fatty acids, whereas addition to crude cell
extracts showed loss of the label (35). The latter result was attrib-
uted to isotope exchange via flavoproteins unrelated to lipid
biosynthesis in the extract. If isotopic exchange of NADPH also
occurs in vivo, it could serve to partially or entirely mute the
fractionations accompanying NADPH production. As a concrete
example, the slower growth rate of R. palustris might explain the
smaller fractionations exhibited by this organism growing on ace-
tate relative to C. oxalaticus. The extent to which this process is
relevant in environmental samples is currently unknown, and must
depend on turnover times for NADPH in growing cells. Although
very little is known about the turnover of NADPH specifically, we
note that the time scales for in vitro experiments (5 h) are quite
long compared with typical turnover times for many common
metabolic intermediates.
Conclusions
Existing culture and field data indicate that the D/H ratios of
lipids vary substantially with growth conditions, and are system-
atically related to pathways of central metabolism. Organisms
growing on heterotrophic substrates exhibit lipid/water fraction-
ations ranging between approximately 150 to 200‰, pho-
toautotrophic growth yields moderate D depletions (150 to
250‰), whereas chemoautotrophic growth yields very strong
D depletions of200 to400‰.We suggest that fractionations
in the various pathways that reduce NADP are the likely source
of these variations. However, regardless of mechanism, such
patterns hold enormous potential as biogeochemical tracers if
they are shown to be widespread. This is particularly so given that
the information provided by lipid D values would be highly
complementary to that encoded by molecular structure and C
and N stable isotopes. Whereas 13C largely records carbon
fixation pathways in autotrophs, 2H will respond to pathways of
energy conservation. In heterotrophs, 13C and 15N generally
reflect the history of substrate transfers through successive
trophic levels, whereas 2H could provide a snapshot of the
metabolic pathways used for energy generation by individual
organisms. The ability to connect lipids with energy metabolism
could find numerous applications, from assessing the in situ
metabolic lifestyle of facultative heterotrophs, to identifying
modern and ancient communities based on chemoautotrophy, to
apportioning the relative contributions of primary production
and heterotrophic recycling to sedimentary organic matter.
Materials and Methods
For details, see SI Methods.
Culture Strains and Growth. Cupriavidus oxalaticus str. OX1, Cupriavidus
necator str. H16, Escherichia coli K-12 str. MG1655, and Rhodopseudomonas
palustris str. TIE-1weregrown inbatch cultureonavarietyof substrates (Table
1). The D of culture water was manipulated for C. oxalaticus and E. coli
cultures by volumetrically diluting 99.9% purity D2O with distilled deionized
water. Substrate D was not manipulated. Defined carbon sources were
provided at 15 mM (except for 22.2 mM glucose in Ec5) for minimal media
cultures of Cupriavidus and E. coli. Undefined carbon source LBwas used for Ec6
cultures. R. palustriswas cultivated in minimal medium with 20 mM thiosulfate
for photoautotrophy and 20 mM acetate for both photoheterotrophy and aer-
obic heterotrophy. All media were 0.2-m filter sterilized and inoculated with
single colonies fromrichmediaplates. Culturepuritywas checkedbymicroscopy,
colony morphology on plates, and—for Cupriavidus—the ability to grow on
oxalate. Optical density (OD) at 600 nm (Cary 50 Bio, UV-Vis Spec) was used in
conjunction with growth curve data (Fig. S1) to harvest cultures at a specific
growthphase,generallymid-logphase. Toharvest,0.4Lwas centrifuged for20
minat 4,500
g, yielding cell pellets ranging from0.2 to0.7gofwetmass. These
were stored at20 °C before extraction.
Lipid Extraction and Quantification. Frozen cell pellets were lyophilized, then
20mg of biomass was simultaneously transesterified and extracted in hexane/
methanol/acetyl chloride at 100 °C for 10min (59). The extractwas concentrated
under N2 at room temperature. Fatty acid methyl esters (FAMEs) were analyzed
bygaschromatography/mass spectrometry (GC/MS)onaThermo-ScientificTrace/
DSQ with a ZB-5ms column and PTV injector operated in splitless mode. Peaks
were identified by comparison of mass spectra and retention times to authentic
standards and library data. Relative abundances were calculated based on peak
areas fromthetotal ionchromatogramwithout furthercalibration.Theyarethus
only semiquantitative, but still serve to demonstrate that fatty acid compositions
did not change appreciably with growth substrate.
Isotopic Analyses. The Dvalues of themost abundant FAMEsweremeasuredby
GC/pyrolysis/isotope-ratio mass spectrometry (IRMS) on a Thermo-Scientific
DeltaXP.Chromatographic conditionswere identical as forGC/MSanalyses, and
peaks were identified by retention order and relative height. Data are reported
in the conventional D notation versus the VSMOW standard, and are corrected
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for the addition ofmethyl H in the derivative. The root-mean-square (RMS) error
of all external standards analyzedwith these sampleswas 2.9‰. Typical precision
(1) for replicate analyses of analytes was 3.4‰. The D values of culture media,
subsampled (1 mL) before inoculation, were measured on a Los Gatos Research
DLT-100 liquid water isotope analyzer. Samples were calibrated against 3 work-
ing standards with D values ranging from 59 to 290‰. These were in turn
calibrated against the VSMOW, GISP, and SLAP international standards (60).
Average precision was 0.7‰ (1). D values of nonexchangeable H in selected
organic substrates were analyzed by Dr. A. Schimmelmann (Indiana University,
Bloomington) by double-equilibration following the description in SI Methods.
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